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         Introduction 

 Oogenesis is an area that has long been of interest in medicine, 
as well as biology, economics, sociology, and public policy. 
Almost four centuries ago, the English physician William 
Harvey (1578–1657) wrote  ex ovo omnia —“all that is alive 
comes from the egg.” 

 During a women’s reproductive life span only 300–400 of 
the nearly 1–2 million oocytes present in her ovaries at birth 
are ovulated. The process of oogenesis begins with migra-
tory primordial germ cells (PGCs). It results in the produc-
tion of meiotically competent oocytes containing the correct 
genetic material, proteins, mRNA transcripts, and organ-
elles that are necessary to create a viable embryo. This is a 
tightly controlled process involving not only ovarian para-
crine factors but also signaling from gonadotropins secreted 
by the pituitary. 

 The contribution of the male to the biology of reproduc-
tion is to produce a genetically intact spermatozoa that will 
fertilize an oocyte. The end product of male gametogenesis, 
the mature spermatozoa, is designed for one purpose: to 
deliver the male contribution of the genetic makeup to the 
embryo. The biology of gamete production is different in 
males compared to females. Gamete production in females is 

intimately part of the endocrine responsibility of the ovary. 
If there are no gametes, then hormone production is drastically 
curtailed. Depletion of oocytes implies depletion of the major 
hormones of the ovary. In the male this is not the case. 
Androgen production will proceed normally without a single 
spermatozoa in the testes. 

 This chapter presents basic aspects of human ovarian 
follicle growth, oogenesis, and some of the regulatory mech-
anisms involved  [  1  ] , as well as some of the basic structural 
morphology of the testes and the process of development to 
obtain mature spermatozoa.  

   Structure of the Ovary 

 The ovary, which contains the germ cells, is the main repro-
ductive organ in the female. It also functions as an endocrine 
organ, secreting estrogen and progesterone in response to 
gonadotropin and paracrine signaling. Ovaries exist as a pair 
of glands, approximately the size of almonds, on either side 
of the uterus. Within the abdominal cavity, ovaries are found 
closest to the lateral wall of the pelvis, attached to the back 
portion of the broad ligament of the uterus  [  2  ] . This area is 
known as the ovarian fossa and is surrounded by the external 
iliac vessels, the umbilical artery, and the ureter  [  2,   3  ] . 

 The ovary comprises several different layers and types of 
tissues, shown in Fig.  3.1 . The innermost layer is the medulla, 
which houses the blood vessels essential to supporting the 
ovary. To the outside of this is the ovarian cortex, which is 
made up of follicles and stromal tissue. The outermost layer 
of the ovary consists of a thin layer of epithelial cells. Known 
as  the germinal epithelium , this layer produces thousands of 
primordial follicles during fetal growth  [  4  ] . Underlying the 
germinal epithelium is a strong connective tissue layer known 
as the tunica albuginea (TA). Ovum production and oocyte 
maturation occur within the cortex of the ovary  [  5  ] . As pri-
mordial follicles are recruited and develop, they move closer 
to the outer edge of the ovary, eventually bursting through 
the surface during ovulation  [  3  ] .   

      Female and Male Gametogenesis       

     Nina   Desai      ,    Jennifer   Ludgin   ,    Rakesh   Sharma   , 
   Raj   Kumar   Anirudh   , and    Ashok   Agarwal       

  3

    N.   Desai, PhD, HCLD    (*)
     IVF Laboratory, Department of Obstetrics and Gynecology , 
 Cleveland Clinic Fertility Center ,   26900 Cedar Road, 
Suite 220 South Building ,  Beachwood ,  OH   44122 ,  USA    
e-mail:  desain@ccf.org  

     J.   Ludgin, BA  
     OB/GYN/IVF Research Intern, Department of Obstetrics and 
Gynecology ,  Cleveland Clinic Fertility Center ,   Beachwood ,  OH ,  USA  

      R.   Sharma, PhD   •     A.   Agarwal, PhD  
     Department of Urology ,  Cleveland Clinic ,   Cleveland ,  OH ,  USA  

      R.  K.   Anirudh, BA  
     University of Miami, College of Arts and Sciences , 
  Coral Gables ,  FL ,  USA    



44 N. Desai et al.

   Overview of Oogenesis 

 In humans, oogenesis begins approximately 3 weeks after 
fertilization. PGCs arise from the yolk sac and migrate via 
amoeboid movements, through the hindgut, to the genital 
ridge  [  6–  9  ] . PGCs undergo rapid mitotic division during this 
migration. The genital ridge, formed at around 3.5–4.5 weeks 
gestation, is composed of mesenchymal cells overlaid with 
coelomic epithelial cells. Upon arrival, the PGCs give rise to 
oogonia or germ stem cells (GSCs) that continue to proliferate 
to further expand the germ cell pool. The number of oogonia 
increases from 600,000 by the eighth week of gestation to 
over 10 times that number by 20 weeks. At around 7 weeks’ 
gestation, these cells form the primitive medullary cords and 
the sex cords, respectively. 

 Follicle formation begins at around week 16–18 of fetal 
life. Oogonia are enveloped by somatic epithelial cells 
derived from genital ridge mesenchymal cells, forming pri-
mordial follicles. The oogonia then cease mitotic activity 
and enter meiosis  [  8,   10,   11  ] . 

 Once meiosis has been initiated, the oogonial germ cell is 
termed a primary oocyte. The surrounding mesenchymal 
somatic cells secrete the follicle’s basement membrane and 
give rise to the granulosa cell layer. By 4–5 months’ gesta-
tion, the ovary has its maximum number of oocytes, between 
5 and 8 million. This number decreases dramatically to 1–2 
million at birth and less than 500,000 by puberty  [  12  ] . The 
primordial follicles containing these immature oocytes 
remain essentially dormant. Through the next 35–40 years of 
a women’s reproductive life span, a small number of follicles 
are steadily released into the growing pool  [  13–  15  ] .  

   Oocyte Development and Meiosis 

 Oogenesis is the process by which the mature ovum is dif-
ferentiated. It is not clear whether the signals controlling 
germline entry into meiosis are cell-autonomous or depen-
dent on the mesonephric somatic cells. Meiosis is unique to 
germ cells. It results in the production of daughter cells 
with haploid DNA content as a result of a two-step divi-
sion. During oogenesis, cell division is unequal. The result 
is a single ovum, with excess genetic material extruded as 
polar bodies  [  16  ] . This is quite unlike spermatogenesis, 
where meiosis results in four identical haploid daughter 
cells  [  17  ] . 

 The four main stages of meiosis are prophase, metaphase, 
anaphase, and telophase (Fig.  3.2 ). DNA replication, chro-
mosome pairing, and recombination, steps that are integral to 
sexual reproduction, all occur during prophase. Prophase can 
be subdivided into four stages, leptotene, zygotene, 
pachytene, and diplotene. DNA replication is  fi nalized in 
preleptotene, while in leptotene, sister chromatids search for 
their homologous counterparts. Interaction between homolo-
gous chromosomes is facilitated by the formation of recom-
bination nodules. In zygotene, homologous chromosomes 
pair and begin to synapse. The synapses are maintained by 
the synaptonemal complex. The crossing over and recombi-
nation of chromosomes occur in the pachytene stage, prior to 
the formation of ovarian follicles. Synapsis is completed in 
pachytene, and by the diplotene stage, homologous chromo-
somes are held together mainly at sites of chiasmata. Oocytes 
in primordial follicles are arrested at the diplotene stage of 
the  fi rst meiotic prophase  [  1,   18  ] .  

  Fig. 3.1    This schematic of 
the ovary depicts the 
developing follicle and 
oocyte in the ovarian cortex. 
The outermost layer 
comprises a thin layer of 
epithelial cells known as the 
germinal epithelium, which 
gives rise to primordial 
oocytes during fetal growth. 
Just below this is a strong 
connective tissue layer known 
as the tunica albuginea. The 
medulla, located at the center 
of the ovary, houses blood 
vessels and ligaments that are 
vital to the survival and 
function of the ovary       
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 The nucleus in the prophase oocyte is called the germinal 
vesicle. Ooplasmic factors prevent the resumption of meiosis 
in the prophase oocyte until it reaches a speci fi c diameter and 

stage  [  13,   19–  22  ] . This stage, referred to as “meiotic compe-
tence,” occurs in the antral follicle. Once meiosis resumes, 
there is rapid progression through the metaphase, anaphase, 
and telophase stages of the  fi rst meiotic division. The oocyte 
then arrests at metaphase 2 of the second meiosis until sperm 
entry. Oocyte morphology at different stages of maturity is 
shown in Fig.  3.3 .        

   Follicle Development 

 Folliculogenesis within the ovary is a very complex process 
with a high rate of follicle loss. Follicles periodically leave 
the resting primordial pool to join the growing pool but, in 
the absence of follicle-stimulating hormone (FSH), undergo 
atresia. After puberty, once the hypothalamus-pituitary-
ovarian axis has been activated during the follicular phase, 
elevated FSH levels rescue the growing cohort of follicles. 
The ovarian paracrine signaling induces the continued 
growth of follicles from this cohort in a process called  initial 
recruitment   [  23  ] . The recruited growing follicles, known as 
primary follicles, will subsequently grow into secondary and 
antral follicles. Figure  3.4  illustrates the different stages of 
follicle development. Ultimately, a single follicle will be 
selected from this cohort to become the dominant follicle. 
It will release a mature oocyte after exposure to increased 
levels of LH (luteinizing hormone). Almost 90 % of follicles 
undergo apoptosis or programmed cell death without ever 
becoming meiotically competent  [  24  ] .  

 Critical to this process is the interaction between the 
somatic cell components and the oocyte itself. Follicle 
growth from the primordial to the preovulatory stage can 
be divided into two distinct stages based on responsiveness 
to the gonadotropins, FSH and LH. The  fi rst stage is rela-
tively slow in humans, taking over 120 days  [  13,   25  ]  and is 
not directly dependent on gonadotropin levels. Key growth 
mediators at this early stage may include TGF- b (beta), 
activin, bone morphogenetic proteins (BMPs), anti-Mülle-
rian hormone (AMH), insulin, estrogen, and androgens. 
Follicle and oocyte diameters increase, follicles growing in 
size from 30 to 40  m m in primordial follicles to 100–200  m m 
in pre-antral follicles (see Fig.  3.4 ). The single layer of 
squamous granulosa cells present in the primordial follicles 
starts to proliferate and the oocyte becomes surrounded by 
several layers of cuboidal granulosa cells. Precursor thecal 
cells are recruited from surrounding stroma and a basement 
membrane forms around the follicle. 

 The second stage of follicular growth is far more rapid. 
The follicle is now responsive to the gonadotropins, FSH and 
LH. Granulosa cell secretions result in the formation of a 
 fl uid- fi lled cavity or antrum. During the early antral stage of 
follicle development, follicle size increases from 200  m m to 

  Fig. 3.2    The stages of meiosis I and II leading to the ovulation of a 
haploid ovum are depicted. Unlike with spermatogenesis, meiosis during 
oogenesis results in disproportionate cell division with the production 
of a single ovum with extraneous genetic material being extruded in the 
 fi rst and second polar bodies. During this division, the majority of the 
cytoplasm, containing important proteins, organelles, and growth factors, 
remains within the oocyte       

 



46 N. Desai et al.

2–5 mm. Follicle size increases to 20 mm by the time of 
oocyte ovulation. 

 The formation of a  fl uid- fi lled antrum and synthesis of 
steroid hormones mark the transition to the antral stage of 
follicle development. During this stage and with the in fl uence 
of FSH, granulosa cells differentiate and become capable of 
aromatizing androgen, secreted by thecal cells, into estrogen. 
The local estrogenic environment, combined with high FSH 
levels, promotes further granulosa cell proliferation and an 
increase in FSH receptors. This, in turn, makes the follicles 
even more sensitive to FSH. The negative feedback of rising 
estrogen levels on the hypothalamus-pituitary axis limits 
FSH secretion. Thus, only follicles with increased FSH 
receptors will be able to continue to develop, while other fol-
licles in the cohort will undergo atresia. It is through this 
mechanism that a single dominant follicle is selected. 
Continued growth of the selected follicle occurs despite the 
midcycle fall in FSH concentrations as a result of granulosa 
cells now acquiring LH receptors  [  26–  28  ] . While granulosa 
cells of the early antral follicle are only responsive to FSH, 

late antral stage follicles become responsive to both FSH and 
LH and continue to secrete high levels of estradiol  [  29,   30  ] . 
The layers of specialized granulosa cells bordering the oocyte 
are known as cumulus cells, which are also called  corona 
radiata . These cells not only support cytoplasmic matura-
tion, but are pivotal in maintenance of meiotic arrest and 
induction of ovulation. The preovulatory follicle, also known 
as a Graa fi an follicle, measures over 18 mm in size, and 
oocyte diameter is close to its  fi nal size of about 120  m m 
 [  31  ] . The multilayer follicle is enclosed in a basement mem-
brane that separates it from the underlying vascularized thecal 
cell layer.  

   Oocyte Growth 

 Coordinated growth of this diplotene-arrested oocyte and 
follicle is dependent on bi-directional communication 
between the oocyte and the surrounding granulosa cells  [  32,   33  ] . 
This communication occurs via gap junctions connecting the 

  Fig. 3.3    Various stages of oocyte maturation: ( a ) immature oocyte in prophase I of meiosis I; ( b ) metaphase I oocyte; ( c ) cumulus:oocyte complex 
exhibiting morphology typically associated with mature oocytes at the time of ovulation; ( d ) mature metaphase II oocyte       
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granulosa cells and the oocyte  [  33–  39  ] . These membrane 
channels enable the sharing of small essential molecules, 
including inorganic ions, second messengers, small metabolites, 

and secreted paracrine factors that allow growth of both cell 
types  [  39–  42  ] . 

 The oocyte is unable to transport certain amino acids, 
carry out biosynthesis of cholesterol, or undergo glycolysis 
without a supply of the necessary factors by the granulosa 
cells. Similarly, evidence suggests that granulosa cell prolif-
eration as well as select other metabolic processes require 
oocyte-derived secretions  [  43–  46  ] . In vitro studies on cul-
tured follicles demonstrate that severing of gap junctions and 
intercellular communications triggers premature ovulation 
and eventual degeneration of the released oocyte  [  47  ] . 

 Gap junctions are comprised of a variety of connexin pro-
teins  [  37  ] . The basic structure of connexins consists of four 
membrane-spanning domains, two extracellular loops, a 
cytoplasmic loop, and cytoplasm N-and C-termini. Different 
connexins contain different properties, providing increased 
complexity in the regulation of designated molecules. Gene 
knock-out experiments in the mouse model have identi fi ed 
speci fi c gap junction proteins and their critical role in follic-
ulogenesis. Absence of connexin-37 interferes with antral 
follicle formation  [  48,   49  ] , while follicles in mice lacking the 
gene for connexin-43 arrest in the early pre-antral stage and 
are unable to produce meiotically competent oocytes  [  50  ] . 
Phosphorylation and several different protein kinases appear 
also to be associated with the activation and regulation of 
gap junctions  [  51,   52  ] . 

 The oocyte is metabolically active from its early growth 
stage, synthesizing the maternal RNA pool necessary to sup-
port early embryonic events after fertilization. Oocytes syn-
thesize over 400 different proteins. Shortly after follicle 
activation and entry into the growing pool, the oocyte secretes 
a thick glycoprotein coat  [  53,   54  ] . This matrix coat, known as 
the zona pellucida, encircles the oocyte and is composed of 
three zona pellucida proteins, ZP1, ZP2, and ZP3. Thickness 
of the zona pellucida increases as the oocyte grows, reaching 
about 15  m m. The zona pellucida plays an important role in 
protecting the oocyte/embryo as it traverses the reproductive 
tract. The zona mediates sperm binding, confers species 
speci fi city, and serves as a block to polyspermic fertilization. 
Release of cortical granules by the oocyte cytoplasm at the 
time of fertilization results in a hardening of the zona and 
deters additional sperm from penetrating into the oocyte.  

   Resumption of Meiosis and Ovulation 

 Meiotic progression of the oocyte is highly dependent on a 
delicate balance between factors keeping the oocyte in mei-
otic rest and factors promoting oocyte maturation  [  55–  61  ] . 
Cyclic AMP is one of the intracellular signaling molecules 
that keep the oocyte in meiotic arrest. Cyclic AMP, produced 
by granulosa cells, is transported via gap junctions to the 
oocytes. As long as the cAMP threshold is maintained, meiosis 
is inhibited. 

  Fig. 3.4    Depicted is a sequential illustration of folliculogenesis within 
the human ovary. The process begins with the oocyte enclosed within 
single layer of granulosa cells known as the primordial follicle and ends 
with a fully developed multilayered follicle with antrum containing a 
secondary oocyte       
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 Meiotic competence is also linked to oocyte size, presum-
ably because increasing volume corresponds to increasing 
cytoplasmic accumulation of synthesized proteins. Oocytes 
that measure less than 70–80  m m have lower rates of meiotic 
competence compared to 100  m m fully grown follicles, 
which are usually able to resume meiosis. Activation of mat-
uration or M-phase promoting factor (MPF) is required to 
resume meiosis  [  62,   63  ] . MPF levels increase with oocyte 
growth and eventually reach a threshold, at which point the 
oocyte becomes  meiotically competent . MPF is composed of 
a regulatory unit, cyclin B, and its protein kinase CDK1 (also 
called p34 cdc2 ). 

 The onset of the LH surge triggers a cascade of events cul-
minating in the ovulation of the oocyte from the Graa fi an fol-
licle and initiation of oocyte maturation. LH induces a shift in 
steroidogenesis by granulosa cells to progesterone  [  64  ] . 
Cumulus cell expansion just prior to ovulation results in the 
severing of cumulus: oocyte connections, thus reducing intra-
cellular cAMP levels in the oocyte levels and therein reducing 
its inhibitory in fl uence on meiosis. Subsequent MPF activa-
tion drives the oocyte towards meiosis, starting  fi rst with 
breakdown of the germinal vesicle (GVBD). Neosynthesis of 
cyclin B may be a rate-limiting step, accounting for the 
observed lag time between resumption of meiosis and GVBD, 
as well as transition from metaphase I to metaphase II. 

 After the breakdown of the germinal vesicle, bivalents 
start to become organized and then align at the metaphase 
plate, forming a meiotic spindle. The oocyte remains arrested 
at the metaphase II stage until sperm penetration. An intrac-
ellular Ca 2+  signal triggered by either the binding of sperm to 
oocyte receptors or else the release of a soluble sperm-
derived factor during oocyte: sperm fusion initiates the 
destruction of endogenous cyclin  [  63  ] . The oocyte is now 
able to complete meiosis, with chromosome segregation 
beginning at the metaphase-anaphase transition. Defective 
chromosome segregation at this stage can lead to aneuploidy 
in the resulting egg and embryo.  

   Additional Regulatory Mechanisms 

 Clear maintenance of the primordial follicle pool, follicle 
recruitment, follicle atresia and selection of a dominant fol-
licle, combined with controlling oocyte maturation, and syn-
chronous growth of the follicular unit, is a complex process. 
In this section, we discuss a few of the most important ovar-
ian paracrine factors involved in the coordination of events 
during folliculogenesis (Table  3.1 ).  

   cAMP 

 As mentioned earlier, FSH and LH, working in concert, are two 
of the most important hormones involved in folliculogenesis. 

An important component of this system is the second 
messenger cAMP, which ampli fi es the signal induced by 
FSH and LH. This ampli fi cation allows for a much larger 
response to the FSH and LH hormones than they are able to 
create alone  [  65  ] . Two important sets of enzymes control 
intracellular cAMP homeostasis: adenyl cyclases, which 
generate cAMP, and the phosphodiesterases (PDEs), which 
break down cAMP. Binding of FSH and LH to their respec-
tive receptors, along with adenyl cyclase, activates the 
generation of cAMP from ATP in follicular granulose cells. 
The cAMP molecules activate a cascade of protein kinases, 

   Table 3.1       Human oogenesis and folliculogenesis beginning with the 
primordial germ cells (key modulators and their points of action are 
shown)   

 Developmental event  Key regulators 

 Primordial germ cells 
 • 3 wk pc  BMP4, BMP8b 
 • Formation  c-KIT, SCF 
 • Migration and proliferation 

 • Colonization of the forming gonad 
 • Post-migratory survival 
 Oogonia 
 • Proliferation by mitosis 
 Oocyte meiotic prophase 1 

 cAMP 

 • Preleptotene: replication of DNA 
 • Leptotene: start of homologous 

pairing 
 • Zygotene 

 ° Pairing of homologs 
 ° Synapsis 

 • Pachytene 
 ° Crossing over 
 ° Recombination 
 ° DNA repair 

 • Diplotene: meiotic arrest 
 Primordial follicle  Activins, AMH, TGF  b , 

BMPs, insulin, estrogen, 
androgens, c-KIT 

 • 16–18 wk pc 
 • Diplotene-arrested oocyte 
 • Single  fl at granulose cell layer 
 Primary follicle  Activins, AMH 
 • Cuboidal granulose cell layer 
 Pre-antral secondary follicle  Activins, Inhibins, AMH 

GDF-9, BMP-15 
 • Late folliculogenesis 
 • Granulosa proliferation 
 • Theca precursor formation 
 Antral/Graf fi an follicle  Inhibins, AMH, cAMP, 

FSH/FSH receptor, LH/LH 
receptor 

 • Formation of antrum 
 • Formation of preovulatory follicles 

and corpus luteum 
 Cumulus expansion  LH signaling, PGE2 
 Meiotic resumption  MPF 
 Ovulation  COX-2, LH 
 Oocyte maturation and fertilization  Ca 2+  

   wk pc  weeks post coitum;  AMH  anti-Müllerian hormone;  BMP  bone 
morphogenetic protein;  GDF  growth differentiation factor;  FSH  follicle-
stimulating hormone;  LH  luteinizing hormone;  SCF  stem cell factor; 
 COX - 2  cyclooxygenase isoform;  PGE2  prostaglandin E(2)  
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dissociating their catalytic component, which then works to 
phosphorylate transcription factors. These factors bind to 
DNA upstream of genes at positions known as cAMP response 
elements, regulating various follicular events such as the 
growth of the dominant follicle  [  66  ] . In the oocyte, a high 
concentration of this second messenger prevents meiosis.  

   TGF- b  Growth Factor Family 

 Several key regulators involved in folliculogenesis belong to 
the transforming growth factor- b  (TGF- b ) family, many of 
which utilize gap junctions for communications. Important 
members of this group include AMH, growth differentiation 
factor-9 (GDF-9), BMPs, activin, and inhibin.  

   Anti-Müllerian Hormone 

 AMH is secreted by granulosa cells when a woman is repro-
ductively active. In studies utilizing the mouse model, AMH 
has been shown to have two important roles during folliculo-
genesis. First, AMH inhibits the recruitment of additional 
primordial follicles when there is already a growing cohort of 
follicles. By this means, AMH prevents women from speeding 
too quickly through their oocyte reserve. Second, AMH 
decreases the response of these growing follicles to FSH. 
Studies in humans have suggested that each follicle has a 
unique FSH threshold that must be met in order to proceed to 
the preovulatory stage. AMH may in fl uence how responsive a 
follicle is to the FSH surge during cyclic recruitment  [  67  ] . 

 AMH has also been used as a measure of a woman’s ovar-
ian reserve  [  68  ] . AMH levels decrease along with the size of 
a woman’s follicle pool. Concomitantly, lower AMH levels 
fail to adequately inhibit the primordial pool, and as a result 
there is an increase in the rate of depletion of the follicular 
reserve  [  69  ] .  

   Growth Differentiation Factor-9 (GDF-9) 
and Bone Morphogenetic Proteins 

 BMPs play a variety of roles in oogenesis and are produced 
by a variety of cells. While little is known about speci fi c 
BMP function in the human ovary, results from numerous 
animal studies have contributed to our understanding of the 
biological activities of BMPs during follicular development. 
Evidence from the rat model proposes that BMPs in fl uence 
the primordial-primary transition as well as the subsequent 
transition to a secondary follicle. It has also been suggested 
that a drop in BMP levels may be indicative of dominant fol-
licle selection  [  70,   71  ] . In the rat, thecal cells of secondary 
follicles have expressed BMP-4 and BMP-7, while their 
respective receptors expressed on granulosa cells  [  71  ] . They 

serve to modulate the actions of FSH on the synthesis of the 
essential steroids estradiol and progesterone  [  72  ] . 

 Oocyte paracrine signaling is responsible for activating 
pathways involved in regulating cumulus cell differentiation. 
BMP-15 and GDF-9 are two factors secreted by the oocyte 
to control its local microenvironment and ultimately oocyte 
quality  [  45  ] . BMP-15 works alongside GDF-9 to activate 
signaling pathways responsible for the regulation of cumulus 
cell differentiation and maintenance of their phenotype  [  45  ] . 
The absence of these oocyte-speci fi c factors has been dem-
onstrated to result in sterility  [  73,   74  ] . During in vitro culture 
of ovarian cortical slices, GDF-9 supplementation was 
observed to increase the number of secondary oocytes pres-
ent after 7 days of growth and also enhanced follicle density 
after 14 days of culture. GDF-9 may also serve to prevent 
atresia  [  75  ] .  

   Activin and Inhibin 

 Activin and inhibin are produced by granulosa cells in the 
follicle and work in an antagonistic relationship. Activin, pro-
duced by many different tissues, including the gonad and 
anterior pituitary, stimulates the release of FSH by acting as a 
transcription factor activator of the FSH b -subunit gene  [  76  ] . 
Meanwhile, inhibin hinders the secretion of FSH from the 
pituitary, balancing the actions of activin. While it is believed 
that inhibin plays an important role in the production of 
steroids and gonadotropins, little else is known about its role 
in the recruitment and differentiation of thecal cells  [  77  ] .  

   c-Kit and Kit Ligand 

 Another important signaling pathway involved in the regula-
tion of primordial follicles involves the c-Kit receptor and its 
granulosa cell produced ligand (frequently referred to as KL, 
stem cell factor or SCF)  [  78  ] . Little is known about the 
speci fi c role of this receptor/ligand combination in the early 
development of follicles. The presence of the mRNA encod-
ing for c-Kit and KL has been detected in early antral folli-
cles present in human ovarian tissue, oocytes, and granulosa 
cells  [  78  ] . Much of what is known about c-Kit comes from 
research in the mouse model. Here, c-Kit and KL play a role in 
PGC survival, activation, migration, proliferation of granu-
losa cells, recruitment of theca cells, maintenance of meiotic 
competence, and the development of follicles  [  79  ] .   

   Future Directions and Challenges 

 Increasing our understanding of the complex regulation of 
ovarian folliculogenesis and the interactions between the 
oocyte and granulosa-thecal cell layers has contributed 
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signi fi cantly to the advancement of infertility treatment. 
Medications and ovarian stimulation regimens have been 
designed which permit the manipulation of a women’s men-
strual cycle, resulting in the production of multiple mature 
competent oocytes. This, combined with advances in our 
ability to treat male factor infertility, has dramatically altered 
pregnancy outcomes with in vitro fertilization over the last 2 
decades. 

 One hurdle that has been impossible to overcome has 
been poor ovarian reserve. The continuous loss and eventual 
elimination of a woman’s follicle pool through accelerated 
atresia is considered to be the impetus leading to menopause. 
This is based on the belief set forth over 50 years ago that 
oogenesis cannot occur in the adult ovary and so, at birth, the 
female ovary contains a  fi nite oocyte pool  [  80  ] . Recently, 
exciting data have emerged that question this basic estab-
lished dogma  [  81,   82  ] . The intriguing study,  fi rst presented 
in 2004 by Johnson and colleagues, questions the concept of 
a “non-renewing oocyte pool”  [  83  ] . An increasing body of 
evidence indicates that oogenesis may in fact occur in the 
adult mammalian ovary  [  82,   84,   85  ] . The potential existence 
of germ cells in the adult ovary and the development of tech-
niques to manipulate such cells may open up new avenues 
for fertility treatment  [  86  ] . 

 Another challenge in reproductive medicine has been fer-
tility preservation for young women diagnosed with cancer. 
Radiation and chemotherapy during cancer treatment can 
result in fertility loss through damage to the ovarian follicle 
reserve. Cryopreservation of ovarian tissue offers hope to 
patients, but how best to use this tissue to restore fertility is 
still problematic. Ovarian tissue transplant after the patient is 
in remission has been met with limited success. Additionally, 
the possibility of reintroducing the cancer always remains. 
An alternate solution is the isolation of ovarian follicles from 
cryopreserved tissue, followed by in vitro maturation of the 
follicles  [  87  ] . The long time interval necessary for human fol-
licle growth from the primordial to the preovulatory stage 
(~120 days) and the intricate signaling mechanisms necessary 
for proper follicle growth are quite dif fi cult to mimic in vitro. 
Maintenance of the spheroid follicle architecture during 
prolonged growth in conventional 2D culture systems is not 
possible. Moreover, as the follicle  fl attens, oocyte:granulosa 
cell connections are disrupted and critical bi-directional com-
munications between the oocyte and its surrounding somatic 
cells are lost. Design of 3D follicle culture models has there-
fore been the focus of much research  [  87–  94  ] . 

 The challenge of maturing human follicles in vitro and 
creating competent oocytes may take years to accomplish 
and will be fueled by our growing understanding of the com-
plex interactions between the oocyte and its supporting gran-
ulosa and thecal cell components. The successful culture of 
human follicles in vitro will ultimately herald a new age in 
reproductive medicine and the treatment of infertility.  

   Organization of the Testis 

 The testes are ellipsoid in shape, measuring 2.5 × 4 cm in 
diameter and engulfed by a capsule (tunica albuginea) of 
strong connective tissue  [  95  ] . Along its posterior border, the 
testis is loosely connected to the epididymis, which gives 
rise to the vas deferens at its lower pole  [  96  ] . The testis has 
two main functions: it produces hormones, in particular 
testosterone, and it produces the male gamete—the sperma-
tozoa. The spermatozoa express unique antigens that are not 
formed until puberty. The blood–testis barrier develops as 
these autoantigens develop. The blood–testis barrier makes 
the testis an immunologically privileged site. The testis is 
incompletely divided into a series of lobules. Most of the 
volume of the testis is made up of seminiferous tubules, 
which are looped or blind-ended and packed in connective 
tissue within the con fi nes of the  fi brous septae (see Fig.  3.5 ). 
The  fi brous septae divide the parenchyma into about 370 
conical lobules consisting of the seminiferous tubules and 
the intertubular tissue. The seminiferous tubules are sepa-
rated by groups of Leydig cells, blood vessels, lymphatics, 
and nerves. The seminiferous tubules are the site of sperm 
production. The wall of each tubule is made up of myoid 
cells of limited contractility and also of  fi brous tissue. Each 
seminiferous tubule is about 180  m m in diameter, the height 
of the germinal epithelium measures 80  m m, and the thick-
ness of the peritubular tissue is about 8  m m. The germinal 
epithelium consists of cells at different stages of develop-
ment located within the invaginations of Sertoli cells, namely, 
spermatogonia, primary and secondary spermatocytes, and 
spermatids. Both ends of the seminiferous tubules open 
into the spaces of the rete testis. The  fl uid secreted by the 
seminiferous tubules is collected in the rete testis and deliv-
ered in the ductal system of the epididymis.  

   Supporting Cells 

 The supporting cells of the testes refer to cells that are part of 
the cellular development that leads to a mature sperm. They 
are, however, extremely important to sperm production, and 
spermatogenesis would be impossible without them. The 
two most important cells are the Leydig and Sertoli cells. 

   Leydig Cells 

 The Leydig cells are irregularly shaped cells with granular 
cytoplasm present individually or more often in groups 
within the connective tissue  [  97,   98  ] . Leydig cells are the 
prime source of the male sex hormone testosterone. The pitu-
itary hormone, luteinizing hormone (LH), acts on Leydig 
cells to stimulate the production of testosterone. This acts as 
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a negative “feedback” on the pituitary to suppress or modu-
late further LH secretion. Compared with the testosterone 
levels in the blood, the intratesticular concentration of testos-
terone is many times higher, especially near the basement 
membrane of the seminiferous tubule.  

   The Sertoli Cell 

 The seminiferous tubules are lined with highly specialized 
Sertoli cells that rest on the tubular basement membrane and 
extend into the lumen with a complex rami fi cation of cyto-
plasm (see Fig.  3.6 ). Spermatozoa are produced at puberty, 
but are not recognized by the immune system that develops 
during the  fi rst year of life. The seminiferous tubule space is 
divided into basal (basement membrane) and luminal (lumen) 
compartments by strong intercellular junctional complexes 
called “tight junctions.” These anatomic arrangements, com-
plemented by closely aligned myoid cells that surround the 
seminiferous tubule, form the basis for the blood–testis bar-
rier. The blood–testis barrier provides a microenvironment 
for spermatogenesis to occur in an immunologically privi-
leged site. Sertoli cells serve as “nurse” cells for spermato-
genesis, nourishing germ cells as they develop. These also 
participate in germ cell phagocytosis. Multiple sites of com-
munication exist between Sertoli cells and developing germ 
cells for the maintenance of spermatogenesis within an 
appropriate hormonal milieu. FSH binds to the high-af fi nity 
FSH receptors found on Sertoli cells signaling the secretion 

of androgen-binding protein. High levels of androgens are 
also present within the seminiferous tubule. 

 The two most important hormones secreted by the Sertoli 
cells are AMH and inhibin. AMH is a critical component of 
embryonic development and is involved in the regression of 
the Müllerian ducts. Inhibin is a key macromolecule in pitu-
itary FSH regulation. Some of the functions of the Sertoli cell 
are (1) maintenance of integrity of seminiferous epithelium, (2) 
compartmentalization of seminiferous epithelium, (3) secre-
tion of  fl uid to form tubular lumen to transport sperm within the 
duct, (4) participation in spermiation, (5) phagocytosis and 
elimination of cytoplasm, (6) delivery of nutrients to germ 
cells, (7) steroidogenesis and steroid metabolism, (8) move-
ment of cells within the epithelium, (9) secretion of inhibin and 
androgen-binding protein, (10) regulation of spermatogenic 
cycle, and (11) providing a target for hormones LH, FSH, and 
testosterone receptors present on Sertoli cells.   

   Spermatogenesis 

 The process of differentiation of a spermatogonium into a 
spermatid is known as spermatogenesis. It is a complex, tem-
poral event whereby primitive, totipotent stem cells divide to 
either renew them or produce daughter cells that become into 
a specialized testicular spermatozoa over a span of weeks 
(see Fig.  3.  7 ). Spermatogenesis involves both mitotic and 
meiotic proliferation as well as extensive cell remodeling. 
Spermatogenesis can be divided into three major phases: 

  Fig. 3.5    The human testis and the epididymis. The testis shows 
the tunica vaginalis and tunica albuginea, seminiferous tubule sep-
tae, rete testis, and the overlying head, body, and tail of the 
epididymis. To the left is a diagrammatic representation of a fully 

mature spermatozoon (All Rights Reserved Sperm Chromatin, ed. 
Zini A and Agarwal A, Biological and Clinical applications in  
Male Infertility and Assisted Reproduction, Springer  Science + 
Business Media 2011)       
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(1) proliferation and differentiation of spermatogonia, (2) 
meiosis, and (3) spermiogenesis, a complex metamorphosis 
that transforms round spermatids arising from the  fi nal divi-
sion of meiosis into a complex structure called the  spermato-
zoon . In humans, the process of spermatogenesis starts at 
puberty and continues throughout the entire life span of the 
individual. It takes place in the lumen of seminiferous tubules. 
In fact, 90 % of the testis volume is determined by the semi-
niferous tubules and their constituent germ cells at various 
stages of development. Once the gonocytes have differenti-
ated into fetal spermatogonia, an active process of mitotic 
replication is initiated very early in the embryonic develop-
ment. This appears to be under FSH control and develops the 
baseline number of precursor cells of the testicle. 

 Within the seminiferous tubule, germ cells are arranged in a 
highly ordered sequence from the basement membrane to the 
lumen. Spermatogonia lie directly on the basement membrane, 
followed by primary spermatocytes, secondary spermato-

cytes, and spermatids as they progress toward the tubule 
lumen. The tight junction barrier supports spermatogonia 
and early spermatocytes within the basal compartment and 
all subsequent germ cells within the luminal compartment. 

 Spermatogenesis can also be disturbed by a number of 
external factors, including nutrition, therapeutic drugs, 
increased scrotal temperature, and X-radiation.  

   Types of Spermatogonia 

 Spermatogonia represent a population of cells that divide by 
mitosis, providing a renewing stem cell population as well as 
spermatogonia that are committed to enter the meiotic pro-
cess. Germ cells are staged by their morphologic appearance; 
there are dark type A (A 

dark
 ), pale type A (A 

pale
 ), and type B 

spermatogonia; primary spermatocytes (preleptotene, lepto-
tene, zygotene, and pachytene); secondary spermatocytes; 

  Fig. 3.6    Section of the germinal epithelium in the seminiferous 
tubule. Sertoli cells divide the germinal epithelium into a basal and 
adluminal compartment, via the Sertoli cell. Spermatozoa are released 

into the lumen (All Rights Reserved Sperm Chromatin, ed. Zini A and 
Agarwal A, Biological and Clinical applications in Male Infertility and 
Assisted Reproduction, Springer Science + Business Media 2011)       
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and spermatids (Sa, Sb, Sc, Sd 
1
 , and Sd 

2
 ). Other proliferative 

spermatogonia include A 
paired

  (A 
pr
 ), resulting from dividing 

A 
isolated

  (A 
is
 ), and subsequently dividing to form A 

aligned
  (A 

al
 ). 

Differentiated spermatogonia include type A1, A2, A3, A4, 
intermediate, and type B, each a result of the cellular division of 
the previous type. In humans, four spermatogonial cell types 
have been identi fi ed; these are A 

long
 , A 

dark
 , A 

pale
 , and B  [  99,   100  ] . 

In the rat, type A 
isolated

  (A 
is
 ) is believed to be the stem cell  [  101  ] ; 

however, it is not clear which human type A spermatogonia 
is the stem cell. Some investigators have proposed that the 
type A 

dark
  spermatogonia represent the reserve or nonprolifer-

ative spermatogonial population that gives rise to A 
pale

   [  100  ] . 
Type B spermatogonia possess considerably more chromatin 
within the inner nuclear envelope than intermediate or type A 
spermatogonia (see Fig.  3.8 ). Type B spermatogonia represent 
the cells that differentiate and enter into the process of meiosis, 
where they are called primary spermatocytes  [  100  ] . They are 
the differential precursors to preleptotene spermatocytes. 
This last mitotic division helps maintain a pool of stem cells so 
that the process can continue inde fi nitely. 

 Spermatogonia do not separate completely after meiosis 
but remain joined by intercellular bridges, which persist 
throughout all stages of spermatogenesis and are thought to 

facilitate biochemical interactions, allowing synchrony of 
germ cell maturation  [  102  ] .  

   Spermatocytogenesis 

 The purpose of spermatogenesis is to produce genetic mate-
rial necessary for the replication of the species through mito-
sis and meiosis. Spermatocytogenesis takes place in the basal 
compartment. Primary spermatocytes enter the  fi rst meiotic 
division to form secondary spermatocytes. The prophase of 
the  fi rst meiotic division is very long; thus, the primary sper-
matocyte has the longest life span. Secondary spermatocytes 
undergo the second meiotic division to produce spermatids. 
Secondary spermatocytes are short-lived (1.1–1.7 days).  

   Mitosis 

 Mitosis involves proliferation and maintenance of sper-
matogonia. It is a precise, well-orchestrated sequence of 
events involving duplication of the genetic material (chro-
mosomes), breakdown of the nuclear envelope, and equal 

  Fig. 3.7    A diagrammatic representation of major events in the life of a 
sperm involving spermatogenesis, spermio genesis, and spermiation 
during which the developing germ cells undergo mitotic and meiotic 
division to reduce the chromosome content (All Rights Reserved Sperm 

Chromatin, ed. Zini A and Agarwal A, Biological and Clinical applica-
tions in  Male Infertility and Assisted Reproduction, Springer  Science 
+ Business Media 2011)       
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division of the chromosomes and cytoplasm into two daughter 
cells  [  103  ] . DNA is also spatially organized into loop domains 
on which speci fi c regulatory proteins interact during cellular 
replication  [  103–  105  ] . The mitotic phase involves spermatogo-
nia (types A and B) and primary spermatocytes (spermato-

cytes I). Developing germ cells interconnected by intracellular 
bridges produce the primary spermatocyte through a series 
of mitotic divisions. Once the baseline number of sper-
matogonia is established after puberty, the mitotic component 
will proceed in order to continue to provide precursor cells 
and to start the process of differentiation and maturation.  

   Meiosis 

 Meiosis is a complex process with speci fi c regulatory mech-
anisms of its own  [  106  ] . The process commences when type B 
spermatogonia lose their contact with the basement membrane 
to form preleptotene primary spermatocytes. Thus, each 
primary spermatocyte can theoretically yield four spermatids, 
although fewer actually result, because some germ cells are 
lost due to the complexity of meiosis. The primary spermato-
cytes are the largest germ cells of the germinal epithelium. 
Meiosis is characterized by prophase, metaphase, anaphase, 
and telophase. In this, two successive cell divisions yield 
four haploid spermatids from one diploid primary spermato-
cyte. As a consequence, the daughter cells contain only half 
of the chromosome content of the parent cell. After the  fi rst 
meiotic division (reduction division), each daughter cell con-
tains one partner of the homologous chromosome pair, and 
they are called  secondary spermatocytes . These cells rapidly 
enter the second meiotic division (equational division), in 
which the chromatids then separate at the centromere to yield 
haploid early round spermatids. Meiosis assures genetic 
diversity and involves primary and secondary spermatocytes, 
which give rise to spermatids. 

 The meiotic phase involves primary spermatocytes until 
spermatids are formed; during this process, chromosome 
pairing, crossover, and genetic exchange are accomplished 
until a new genome is determined. In turn, a post-meiotic 
phase involving spermatids all the way up to spermatozoa 
develops, ending in the formation of the specialized cell.  

   Spermiogenesis 

 Spermiogenesis is a process during which the morphologic 
changes occur during the differentiation of the spermatid 
into the spermatozoon. It begins once the process of meiosis 
is completed. Six different stages have been described in the 
process of spermatid maturation in humans, as S 

a-1
  and S 

a-2
 , 

S 
b-1

  and S 
b-2,

  and S 
c-1

  and S 
c-2 

 (see Fig.  3.9 ). Each of these 
stages can be identi fi ed by the morphologic characteristics. 
During the S 

a-1
  stage, both the Golgi complex and mitochon-

dria are well developed and differentiated, the acrosomal 
vesicle appears, the chromatid body develops in one pole of 
the cell opposite from the acrosomal vesicle, and the proxi-
mal centriole and the axial  fi lament appear. During S 

b-1
  and 

  Fig. 3.8    Schematic representation of the development of a diploid 
undifferentiated germ cell into a fully functional haploid spermato-
zoon along the basal to the adluminal compartment and  fi nal release 
into the lumen. Different steps in the development of primary, second-
ary, and spermatid stages are also shown and the irreversible and 
reversible morphological abnormalities that may occur during various 
stages of spermatogenesis (All Rights Reserved Sperm Chromatin, ed. 
Zini A and Agarwal A, Biological and Clinical applications in Male 
Infertility and Assisted Reproduction, Springer  Science + Business 
Media 2011)       
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S 
b-2

  stages, acrosome formation is completed, the intermedi-
ate piece is formed, and the tail develops. This process is 
completed during the S 

c
  stages. 

   Nuclear Development 

 During spermatogenesis, a number of changes occur to the 
nucleus and its contents. The nucleus of the spermatozoa elon-
gates and  fl attens from step 1 to step 8 of spermiogenesis 
 [  107  ] , giving the head its characteristic oval shape. The neces-
sity of this compaction has been debated, but it is widely 
believed to facilitate the penetration of the oocyte and to help 
optimize the swimming capability of the spermatozoa  [  108  ] . 

 The compaction of the nucleus includes modi fi cation of 
the chromatin material. During the last post-meiotic phase of 
spermiogenesis, the histone molecules, around which the 
DNA is organized, are converted into transitional proteins, 
which are then converted to protamines  [  109  ] . Protamines 
contain large amounts of cysteine, which aid in the formation 
of protamine disul fi de bonds as the sperm matures in the 
epididymis  [  110–  112  ] . Within 2–4 h of fertilization, the 
protamines in the chromatin of the spermatozoa are replaced 
by histones from the oocyte.  

   Spermiation 

 The process whereby a mature spermatid frees itself from the 
Sertoli cell and enters the lumen of the tubule as a spermato-
zoon is known as  spermiation . The spermatids originating 
from the same spermatogonia remain connected by bridges 
to facilitate the transport of cytoplasmic products. Spermiation 
involves the active participation of the Sertoli cell. This may 
also involve actual cell movement as the spermatids advance 
towards the lumen of the seminiferous tubules  [  112  ] . The 
mature spermatids close their intracellular bridges, discon-
nect their contact to the germinal epithelium, and become 
free cells called  spermatozoa . Portions of the cytoplasm of 
the Sertoli cell known as  cytoplasmic droplet  may remain as 
part of the spermatozoon during the process of spermiation. 
This is a morphological feature present on the immature 
sperm in semen  [  113  ] .  

   The Cycle or Wave of Seminiferous Epithelium 

 A cycle of spermatogenesis involves the division of primitive 
spermatogonial stem cells into subsequent germ cell types 
through the process of meiosis. Type A spermatogonial divi-
sions occur at a shorter time interval than the entire process 
of spermatogenesis. Therefore, at any given time, several 
cycles of spermatogenesis coexist within the germinal epi-
thelium. In humans, spermatocyte maturation takes 25.3 days, 
spermiogenesis 21.6 days, and the total estimated time for 
spermatogenesis is 74 days. Spermatogenesis is not random 
throughout the seminiferous epithelium. Germ cells are local-
ized in spatial units referred to as  stages  and represent consis-
tent associations of germ cell steps  [  114,   115  ] . In rodent 
spermatogenesis, one stage can be found in a cross-section of 
seminiferous tubule. 

 Each stage is recognized by development of the 
acrosome, meiotic divisions and shape of the nucleus, and 
release of the sperm into lumen of the seminiferous tubule. 
The cycle of spermatogenesis can be identi fi ed for each 
species, but the duration of the cycle varies for each spe-
cies  [  100  ] . The stages of spermatogenesis are sequentially 
arranged along the length of the tubule. This arrangement 
of the stages of spermatogenesis is such that it results in a 
“wave of spermatogenesis” along the tubule. This wave is in 
space but the cycle is in time  [  115  ] . Along the length of the 
seminiferous tubule there are only certain cross-sections 
where spermatozoa are released. In the rat, all stages are 
involved in spermatogenesis, but spermatozoa are released 
only in stage VIII. 

 The stages of spermatogenesis are organized spatially as 
well as in time  [  115  ] . Thus, a position in the tubule that is 
occupied by cells comprising stage I will become stage II, 
followed by stage III, until the cycle repeats. In humans, the 

  Fig. 3.9    Differentiation of a human diploid germ cell into a fully 
functional spermatozoon (All Rights Reserved Sperm Chromatin, ed. 
Zini A and Agarwal A, Biological and Clinical applications in Male 
Infertility and Assisted Reproduction, Springer  Science + Business 
Media 2011)       
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duration of the cycle is 16 days, and the progression from 
spermatogonia to spermatozoa takes 70 days, or four and a 
half cycles of the seminiferous cycle. During spermatogene-
sis, cytoplasmic bridges link cohorts of germ cells that are at 
the same point in development, and these cells pass through 
the process together. Groups of such cells at different stages 
can be observed histologically on cross-section, and many 
germ cell cohorts are seen only in association with certain 
other germ cells. This has led to the description of six stages 
of the seminiferous tubule epithelium in men. To add another 
level of complexity, the steps of the spermatogenic cycle 
within the space of seminiferous tubules demonstrate a 
speci fi c spatial organization, termed  spermatogenic waves . 
In humans, this wave appears to describe a spiral cellular 
arrangement as one progresses down the tubule. This spatial 
arrangement probably exists to ensure that sperm production 
is a continuous rather than a pulsatile process.   

   Ef fi ciency of Spermatogenesis 

 Spermatogenic ef fi ciency varies between different species 
but appears to be relatively constant in man. The time for the 
differentiation of a spermatogonium into a mature spermatid 
is estimated to be 70 ± 4 days  [  116  ] . In comparison to ani-
mals, the spermatogenetic ef fi ciency in man is poor. The 
daily rate of spermatozoa production is calculated at 3–4 
million per gram of testicular tissue  [  117  ] . A higher number 
of spermatozoa should be expected in the ejaculate than the 
20 million/mL described by the World Health Organization 
manual in 1999  [  118  ]  and the 15 million/mL in 2010  [  119  ] . 
   A majority of the cells developed (>75 %) are lost as a result 
of apoptosis or degeneration; of the remaining, more than 
half are abnormal. Therefore, only about 12 % of the sper-
matogenetic potential is available for reproduction  [  120  ] . 
An age-related reduction in daily sperm production in 
men, which is associated with a loss of Sertoli cells, is also 
seen. This may result from an increase in germ cell degen-
eration during prophase of meiosis or from loss of primary 
spermatocytes. There is also a reduction in the number of 
Leydig cells, non-Leydig interstitial cells, myoid cells, 
and Sertoli cells.  

   Structure of the Spermatozoa 

 Spermatozoa are highly specialized and condensed cells 
that neither grow nor divide. A spermatozoon consists of 
the head, which contains the paternal material (DNA) and 
the acrosome, the neck, and the tail, which provides motil-
ity. The spermatozoon is endowed with a large nucleus but 
lacks the large cytoplasm characteristic of most body cells. 
Men are unique in the morphologic heterogeneity of the 
ejaculate. 

   Head 

 The head of the spermatozoa is ovular, measuring about 4.0–
5.5  m m in length and 2.5–3.5  m m in width. The normal 
length-to-width ratio is about 1.50–1.70  [  118  ] . Under bright 
 fi eld illumination, the most commonly observed aberrations 
include head shape/size defects, including large, small, taper-
ing, piriform, amorphous, vacuolated (>20 % of the head 
surface occupied by unstained vacuolar areas), and double 
heads, or any combination  [  118  ] . 

 The head also contains the acrosome, which is a cap-like 
structure represented by the Golgi complex and covers about 
two thirds of the anterior head area  [  118  ] . The apical thick-
ening seen in many other species is missing; however, the 
acrosome shows a uniform thickness/thinning toward the 
equatorial segment and covers about 40–70 % of the sperm 
head. When observed under the scanning electron micro-
scope, a furrow that completely encircles the head (i.e., 
acrosomal and post-acrosomal regions) divides the sperm 
head unequally. An equatorial segment that is followed by 
the post-acrosomal region is not very clearly visible on scan-
ning electron microscope. The maximal thickness and width 
of the spermatozoon is seen in the post-acrosomal region. 

 During fertilization of the egg, the fusion of the outer 
acrosomal membrane with the plasma membrane at multiple 
sites releases the acrosomal enzymes at the time of the 
acrosome reaction. The anterior half of the head is devoid of 
the plasma and outer acrosomal membrane and is covered 
only by the inner acrosomal membrane. The posterior region 
of the sperm head is covered by a single membrane called the 
 postnuclear cap . The overlap of the acrosome and the post-
nuclear cap results in an equatorial segment which does not 
participate in the acrosome reaction.  

   Neck 

 This forms a junction between head and tail. It is fragile and 
the presence of decapitated spermatozoa is a common 
abnormality.  

   Tail 

 The sperm tail is 40–50  m m long and arises at the spermatid 
stage. The tail contains the motility apparatus of the sperma-
tozoa and propels by waves generated in the neck region and 
pass along the tail like a whiplash. It is formed during sper-
miogenesis due to the differentiation of the centriole into 
three parts, which can be clearly observed under scanning 
electron microscopy: the midpiece, the main or principle 
piece, and the endpiece. The mitochondria are organized 
helically around the midpiece. The mitochondrial sheath of 
the midpiece is relatively short but slightly longer than the 
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combined length of the head and neck. An axial core com-
prising of two central  fi brils is surrounded by a concentric 
ring of nine double  fi brils, which continue to the end of the 
tail. The additional outer ring comprises nine coarse  fi brils. 
The principle piece, the longest part of the tail, provides most 
of the propellant machinery. The coarse nine  fi brils of the 
outer ring diminish in thickness and  fi nally disappear, leaving 
only the inner  fi brils in the axial core for most of the length 
of the principle piece. The  fi brils of the principle piece are sur-
rounded by a  fi brous tail sheath, which consist of branching 
and anastomosing semicircular strands or ribs held together by 
their attachment to two bands that run lengthwise along oppo-
site sides of the tail. The tail terminates in the endpiece with a 
length of 4–10  m m and a diameter of less than 1  m m. The small 
diameter is due to the absence of the outer  fi brous sheath and 
a distal fading of the microtubules. 

 The tail can be clearly observed under bright  fi eld illumi-
nation. Common tail abnormalities include tail absence, bent 
tails, distended or irregular/bent midpiece, abnormally thin 
midpiece (no mitochondrial sheath), and short, multiple, 
hairpin, and broken tails, tails of irregular width, coiling tails 
with terminal droplets, or any of these combinations  [  118  ] .   

   Regulation of Spermatogenesis 

 The spermatogenic process is maintained by different intrinsic 
and extrinsic in fl uences. 

   Intrinsic Regulation 

 Leydig cells secrete hormone (testosterone), neurotransmitters 
(neuroendocrine substances) and growth factors to neighbor-
ing Leydig cells, blood vessels, lamina propria of the semi-
niferous tubules, and Sertoli cells  [  97,   120,   121  ] . They help 
maintain the nutrition of the Sertoli cells and the cells of 
the peritubular tissue and in fl uence the contractility of 
myo fi broblasts, thereby regulating the peristaltic movements 
of seminiferous tubules and transportation of the spermato-
zoa. Leydig cells also help in the regulation of blood  fl ow in 
the intertubular microvasculature  [  95  ] . In addition, different 
growth factors are delivered from Sertoli cells and various 
germ cells participating in a complicated regulation of cell 
functions and developmental processes of germ cells. 
Altogether these factors represent an independent intrates-
ticular regulation of spermatogenesis.  

   Extrinsic In fl uences 

 The local regulation of spermatogenesis is controlled by 
the hypothalamus and hypophysis. Pulsatile secretion of 

gonadotropin-releasing hormone of the hypothalamus 
initiates the release of LH from the hypophysis; in response, 
the Leydig cells produce testosterone. Testosterone not only 
in fl uences spermatogenesis, but is also distributed through-
out the body. It thus provides feedback to the hypophysis that 
regulates the secretory activity of Leydig cells. Stimulation 
of Sertoli cells by FSH is necessary for maturation of the 
germ cells. Complete qualitative spermatogenesis requires 
both FSH and LH. The interaction between the endocrine 
and paracrine mechanisms determines the functions within 
the testis  [  122  ] . Inhibin secreted by Sertoli cells functions in 
the feedback mechanism directed to the hypophysis. These 
extratesticular in fl uences are necessary for the regulation of 
intratesticular functions. Thus, both growth and differentiation 
of testicular germ cells involves a series of complex interac-
tions both between somatic and germinal elements  [  123,   124  ] .  

   The Epididymis 

 The epididymis lies along the dorsolateral border of each 
testis. It is made up of the efferent ductules, which emanate 
from the rete testis, and the epididymal ducts. The epididymis 
opens into the vas deferens, which then passes through the 
inguinal canal into the peritoneal cavity and opens into the 
urethra adjacent to the prostate. It is divided into three func-
tionally distinct regions: head, body, and tail or caput 
epididymis, corpus epididymis, and cauda epididymis. Their 
functions can be described simplistically and increasing the 
concentration, maturation, and storage of the spermatozoa. 

 Much of the testicular  fl uid that transports spermatozoa 
from the seminiferous tubules is resorbed in the caput, 
increasing the concentration of the spermatozoa by 10- to 
100-fold. The epididymal epithelium secretes the epididymal 
plasma in which the spermatozoa are suspended. As the 
newly developed spermatozoa pass through these regions of 
the epididymis, many changes occur, including alterations 
in net surface charge, membrane protein composition, immu-
noreactivity, phospholipid and fatty acid content, and adeny-
late cyclase activity. Many of these changes are thought to 
improve the structural integrity of the sperm membrane and 
also increase the fertilization ability of the spermatozoa. The 
capacities for protein secretion and storage within the 
epididymis are known to be extremely sensitive to tempera-
ture and reproductive hormone levels, including estrogens. 

 As many as half of the spermatozoa released from the tes-
tis die and disintegrate within the epididymis and are resorbed 
by the epididymal epithelium. The remaining mature sperma-
tozoa are stored in the cauda epididymis, which contain about 
70 % of all spermatozoa present in the male tract. The capac-
ity for sperm storage decreases distally; spermatozoa in the 
vas deferens may only be motile for a few days. The envi-
ronment of the cauda epididymis is adapted for storage in 
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laboratory animals. In humans, it is not a perfect storage 
organ, and the spermatozoa do not remain in a viable state 
inde fi nitely. After prolonged sexual activity, caudal sperma-
tozoa  fi rst lose their fertilizing ability, followed by their motil-
ity and then their vitality; they  fi nally disintegrate. Unless 
these older, senescent spermatozoa are eliminated from the 
male tract at regular intervals, their relative contribution to 
the next ejaculate(s) increases, thus reducing semen quality, 
even though such ejaculates do have a high sperm concentra-
tion. The transit time of sperm through the  fi ne tubules of the 
epididymis is thought to be 10–15 days in humans. 

 As spermatozoa traverse the epididymis, they are exposed 
to a continuously changing milieu of the luminal  fl uid derived 
from the rete testis and modi fi ed by the secretory and absorp-
tive activity of the epididymal epithelium. In nonhuman 
mammals, there is compelling evidence that the epididymal 
epithelium does provide essential factors for sperm matura-
tion  [  125,   126  ] . In humans, most of the information is 
obtained from treatment of pathologic cases rather than from 
normal fertile men. Both epididymal maturation and capaci-
tation are necessary before fertilization. The epididymis is 
limited to a storage role because spermatozoa that have never 
passed through the epididymis and that have been obtained 
from the efferent ductules in men with congenital absence of 
vas deferens can fertilize the human oocyte in vitro and result 
in pregnancy with live birth (as well as with intracytoplasmic 
sperm injection with sperm obtained after testicular biopsy). 
A direct involvement of the epididymis comes from the 
results of epididymovasostomy bypass operations for 
epididymal obstruction. However, these results are not con-
sistent, whereas signi fi cantly reduced fertility was reported 
in anastomosis of vas deferens to the proximal 10 mm of the 
duct compared to anastomosis of the more distal region of 
the tract  [  127  ] ; others have reported pregnancies in anasto-
mosis of the vas deferens to the efferent ductules  [  128  ]  or 
from spermatozoa retrieved from the efferent ductules and 
proximal caput regions of men with congenital absence of 
vas deferens and used for successful in vitro fertilization 
 [  129  ] . More direct evidence of epididymal involvement 
comes from experiments in which immature epididymal 
sperm recovered from fertile men were incubated in the 
presence of human epithelial cell cultures  [  130  ] . These sper-
matozoa showed improved motility and a signi fi cant increase 
in their capacity to attach to human zona in vitro.   

   Sperm Entry into Cervical Mucus 

 At the moment of ejaculation, spermatozoa from the cauda 
epididymis are mixed with secretions of the various acces-
sory glands in a speci fi c sequence and deposited around the 
external cervical os and in the posterior fornix of the vagina. 
Spermatozoa in the  fi rst fraction of the ejaculate have 

signi fi cantly better motility and survival than the later 
fractions. The majority of the spermatozoa penetrate cervi-
cal mucus within 15–20 min of ejaculation  [  130  ] . The ability 
to migrate across the semen–mucus interphase is highly 
dependent on the speci fi c movement pattern of the spermato-
zoa  [  131  ] . At the time of sperm penetration into the cervical 
mucus, further selection of the spermatozoa occurs based on 
the differential motility of the normal vs. abnormal sperma-
tozoa. This is further modi fi ed once the “vanguard” sperma-
tozoon is within the cervical mucus  [  132  ] . The receptivity of 
the cervical mucus to the penetration by the spermatozoa is 
cyclic, increasing over a period of about 4 days before ovula-
tion and decreasing rapidly after ovulation. Maximum recep-
tivity is seen the day before and on the day of the LH peak 
 [  133  ] . Spermatozoa enter the uterine cavity from the internal 
cervical os by virtue of their own motility. From here the 
spermatozoa traverse to the site of fertilization in the ampulla 
of the fallopian tube or the oviduct.  

   Capacitation and Acrosome Reaction 

 Animal studies in rats and rabbits indicate that spermatozoa 
that are stored in the female tract are unable to penetrate the 
ova. They have to spend time in the female tract before they 
acquire this ability. Capacitation is a series of cellular or physi-
ological changes that spermatozoa must undergo in order to 
fertilize  [  134  ] . It represents a change in the molecular organi-
zation of the intact sperm plasma membrane that is character-
ized by the ability to undergo the acrosome reaction, to bind to 
the zona pellucida, and to acquire hypermotility. 

 Capacitation involves the removal of seminal plasma fac-
tors that coat the surface of the sperm; modi fi cation of the 
surface charge; modi fi cation of the sperm membrane and of 
the sterols, lipids, and glycoproteins and the outer acrosomal 
membrane lying immediately under it. It also involves an 
increase in intracellular-free calcium  [  135  ] . Changes in 
sperm metabolism, increase in 3 ¢ ,5 ¢ -cyclic monophosphate, 
and activation of acrosomal enzymes are believed to be com-
ponents of capacitation. Sperm capacitation may be initiated 
in vivo during migration through cervical mucus  [  136  ] . 
Capacitation may be an evolutionary consequence of the 
development of a storage system for inactive sperm in the cau-
dal epididymis. 

 Capacitation can also be achieved by culture medium 
supplemented with appropriate substrates for energy and in 
the presence of protein or biological  fl uid such as serum or 
follicular  fl uid. Usually it takes about 2 h for sperm to 
undergo capacitation in vitro. Further modi fi cations occur 
when capacitated sperm reach the vicinity of the oocyte. 

 The acrosome reaction confers the ability to penetrate the 
zona pellucida and also confers the fusogenic state in the 
plasmalemma overlying the nonreactive equatorial segment, 
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which is needed for interaction with the oolemma. There are 
distinct fusion points between the outer acrosomal mem-
brane and the plasma membrane. The fusion begins posteri-
orly around the anterior border of the equatorial segment, 
which is always excluded from the reaction. The changes, 
termed  acrosome reaction , prepare the sperm to fuse with the 
egg membrane. The removal of cholesterol from the surface 
membrane prepares the sperm membrane for the acrosome 
reaction  [  137  ] . In addition,  d -mannose-binding lectins are 
also involved in the binding of human sperm to the zona pel-
lucida  [  138  ] . 

 Thus, these series of changes are necessary to transform 
the stem cells into fully mature, functional spermatozoa 
equipped to fertilize the egg.      
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